ABSTRACT: Spatial and temporal variation in bacterial 16S rDNA diversity from healthy coral Montastraea faveolata (Ellis & Solander, 1786) was investigated using denaturing gradient gel electrophoresis (DGGE). The microbial communities of the surface mucus layer (SML) were investigated at 5 sites in Tobago of varying water quality and proximity to the mainland. Presence/absence and band intensity data from DGGE profiles were used as a relative measure of diversity of the microbial community structure. Multivariate analyses using PRIMER software Version 6.1.5 (multidimensional scaling and analysis of similarity) showed that microbial communities associated with corals from within the same reef area were very similar (p = 0.093), that there were significant differences between sites (p = 0.001), and that SML communities were significantly different from the microbial community within the water column (p = 0.001). No strong correlations between the SML bacterial community structure and measured water quality parameters were observed using a biota-environment matching routine within PRIMER (BIOENV). Strong seasonal effects were observed on tagged corals from sites that were re-sampled 6 times covering the wet and dry seasons. Although the SML of M. faveolata appears to support a distinct microbial community, this study shows that intraspecific temporal and spatial variation also exists, and reasons for these differences are explored. 
INTRODUCTION
Ecosystem function is dependent on microbial processes, and the effects of even small environmental changes may be reflected and magnified within the microbial community over a relatively short time span (Paerl et al. 2003 , Manini et al. 2004 . Coral reef ecosystems are undergoing unprecedented rates of change which may be linked to global climate change effects (Hoegh-Guldberg 1999 , Harvell et al. 2002 as well as local and regional environmental impacts (Jordán-Dahlgren et al. 2005) . The study of microbial diversity on coral reefs has concentrated largely on changes associated with coral diseases (e.g. Rosenberg & Ben-Haim 2002) . A more diverse microbial community has been found in diseased versus healthy corals (Bythell et al. 2002 , Cooney et al. 2002 , Frias-Lopez et al. 2002 , Pantos et al. 2003 ), however it is not known to what extent this increased diversity reflects a cause and/or an effect of the disease process. Recent studies have focused on the microbial ecology of healthy corals, and the potential roles of coral-microbe interactions (Ritchie & Smith 1997 , Rohwer et al. 2001 , Kellogg 2004 , Klaus et al. 2005 . However, few studies have attempted to follow the natural (e.g. temporal) changes in microbial community structure associated with healthy corals and those exposed to stressful environmental conditions (Klaus et al. 2005) . Clearly, a better understanding of these relationships is crucial if we are to understand the mechanisms leading to the initiation and progression of disease and the associated impacts on coral populations.
Various factors may influence the surface mucus layer (SML) bacterial community of corals (Brown & Bythell 2005) . These include (1) production of antimicrobial chemicals, (2) supply of bacteria from the water column, (3) environmental conditions, (4) mucus composition and production rates, which represent availability of carbon and nutrients as well as the dynamics of the SML as a physical barrier, entrapment surface and growth medium.
Although the SML of corals is believed to be a highly dynamic layer, it appears to support a distinct resident bacterial community rather than the result of passive settlement and entrapment of water-borne bacteria (Ritchie & Smith 1995a , Santavy 1995 , Frias-Lopez et al. 2002 . Comparisons between the bacterial species diversity found in the surrounding water column and coral mucus show little to no overlap (Rohwer et al. 2001 , Frias-Lopez et al. 2002 . The formation, composition and rate of production of the SML in corals are not well understood, but vary considerably between coral species (Brown & Bythell 2005) . The bacterial community of corals is also dependent on host coral species (Rohwer et al. 2002) , with spatially-and temporallydistant coral colonies of the same species hosting a more similar bacterial community than adjacent colonies of different species. It is highly likely that the bacterial community of the SML is controlled to some extent by the nature and composition of coral mucus secretion and this, in turn, is likely to vary in relation to environmental conditions and coral health (Brown & Bythell 2005) . Klaus et al. (2005) looked at the microbial communities along a human-induced environmental gradient within whole-tissue extracts of Montastraea annularis and Diploria strigosa using terminal restriction fragment length polymorphism (T-RFLP). Differences in microbial community structure were observed in D. strigosa, but no significant change was observed in M. annularis, suggesting differences in environmental effect on host -microbe association and/or the host response to environmental changes.
The present study investigated spatial and temporal changes in bacterial (16S rRNA gene) diversity associated with the coral SML at sites subject to various anthropogenic influences on water quality. The study specifically targeted the external SML environment, avoiding coral tissue or skeleton bacterial communities, since the SML community is most likely to respond to both external water quality conditions and internal effects on mucus production. We directly correlated the SML bacterial diversity with specific water quality variables. Bacterial diversity was visualized by denaturing gradient gel electrophoresis (DGGE), and resulting band intensities and presence/ absence data were used as a molecular fingerprint of the bacterial community.
MATERIALS AND METHODS
Sampling sites. Coral mucus was collected from the scleractinian coral Montastraea faveolata (Ellis & Solander, 1786) Gardens, Batteaux Bay and Lucy Vale) were within 1 km of each other within the Speyside proposed marine reserve area. A fifth site was located in Englishman's Bay, ~9 km along the Northern coast of Tobago. Colonies >1 m with well-developed skirt-like fringes were sampled within a 20 m radius at a given site, at depths ranging from 3 to 12 m. Bacterial collection. Mucus was collected using a method adapted from Harder et al. (2003) , whereby approximately 20 cm 2 of coral surface mucus layer was sampled using sterile cotton swabs (n = 103), immediately placed in sterile universal tubes. Bacteria present in the surrounding seawater were sampled by passing 180 ml of seawater through 0.22 µm black polycarbonate syringe membrane filters (n = 23). Upon surfacing, filters were placed in sterile vials with 100% ethanol and all samples were transported on ice to the laboratory. Excess seawater was removed from swab samples by centrifuging (5 min at 5000 × g), followed by gentle decanting and storage under 100% ethanol. Samples were stored at -20°C until processing.
Water quality determination. Seawater samples (150 ml) were collected from 1 m above the coral colonies, and filtered through Whatman GF/C glass fibre filters. Filters were placed in 90% acetone for 12 h, and the concentration of chlorophyll a was determined following Strickland & Parsons (1968) . The filtrate was used to determine (1) phosphate ion (PO 4 3 -) concentrations following the colorimetric method of Parsons et al. (1984) , and (2) nitrate + nitrite ion (NO x -) concentrations by reduction in a cadmium-copper column following a volume-modified method of Strickland & Parsons (1968) . Dissolved O 2 , turbidity, total colifom, faecal, and E. coli data were obtained from IMA (2002) .
DNA extraction for 16S rDNA analysis. DNA was extracted using a modified bacterial mini-prep method (Ausubel 1999). Swabs were freeze-dried and underwent an overnight chemical digestion (0.1 mg ml -1 proteinase K, 0.5% SDS) at 37°C, followed by a 20 min incubation at 65°C with 10% w/v hexadecyltrimethylammonium (CTAB) in 0.7 M NaCl. DNA was extracted using equal volumes of chloroform-isoamyl alcohol and centrifuged at 14 000 × g for 5 min. The aqueous phase was extracted with phenol-chloroform-isoamyl alcohol and centrifuged (14 000 × g for 5 min). 0.65 × volume isopropanol was added to the aqueous phase and centrifuged for 30 min at 15 000 × g. The pellet was washed twice with 70% ethanol, recovered by centrifuging (16 000 × g for 10 min) and resuspended in 50 µl Tris-EDTA (TE) buffer (10 mM Tris-HCl, pH 7.4, 1 mM ethylenediamine tetra-acetic acid (EDTA), pH 8.0). The DNA was purified by re-extracting with phenolchloroform-isoamyl alcohol, followed by 2 rounds of chloroform-isoamyl alcohol; 2 × volume polyethylene glycol (PEG) 8000 (30% w/v in 1.6 M NaCl) was added to the resulting aqueous phase and left at 4°C for 1 h before centrifuging at 16 000 × g for 20 min. The pellet was washed as above, and resuspended in 30 µl TE. Filters were extracted using the method described by Cooney et al. (2002) , and the DNA was precipitated with 2 × volume PEG, washed and recovered as described above.
PCR amplification. A nested PCR approach was employed to amplify the bacterial 16S rDNA using primer sets previously used to analyse diseased coral bacterial communities (Pantos et al. 2003) . Although a nested approach increases the amplicon bias (Suzuki & Giovanni 1996) , it was not possible to obtain usable product for DGGE analysis with only 1 PCR round. All reactions were performed using a Hybaid PCR Express thermal cycler. The first round of PCR was carried out using the primers pA (8F) 5'-AGA GTT TGA TCC TGG CTC AG-3' and pH' (1542R) 5'-AAG GAG GTG ATC CAG CCG CA-3' in a 50 µl reaction containing 1.5 mM MgCl 2 , 0.2 mM dNTP (PROMEGA), bovine serum albumin (BSA, 4 mg µl -1 ), 0.5 mM of each primer, 2.5 U of Taq DNA polymerase (QBiogene), incubation buffer, and 0.5 µl of template (no BSA was used with reactions containing water filter template). A touchdown PCR protocol following Cooney et al. (2002) was used. Products were purified and concentrated to 30 µl using the QIAquick PCR purification kit (Qiagen), of which 0.5 µl (35 to 60 ng DNA) was used as template in the second PCR round for DGGE. The primers pC (341F) (5'-CCT ACG GGA GGC AGC AG-3') and pE' (928R) (5'-CCG TCA ATT CCT TTG AGT TT-3') were used, with the GC-rich sequence 5'-CGC CCG CCG CGC GCG GCG GGC GGG GCG GGG GCA CGG GGG G-3' incorporated in the forward primer pC at its 5' end to prevent complete disassociation of the DNA fragments during DGGE (Rölleke et al. 1996) . A hotstart protocol was performed according to Cooney et al. (2002) . The presence of good quality and size amplicons were determined by agarose gel electrophoresis (1.6% (w/v) agarose) after staining with ethidium bromide and visualised using a UV transilluminator. DGGE analysis. DGGE was carried out using the D-Code universal mutation detection system (Bio-Rad). Nested PCR products were used to obtain DGGE fingerprints, since reproducible DGGE fingerprints were obtained with this technique. Products were cleaned using the QIAquick PCR purification kit (Qiagen) and eluted with 50 µl of molecular-grade water. DNA was quantified using a Jenway 6405 UV spectrophotometer, and approximately 1000 ng of DNA was used in the DGGE gels. Products were resolved on 6% (w/v) polyacrylamide gels containing a 30 to 60% denaturing gradient for 5 h at 60°C at a constant voltage of 150 V. Gels were stained with Sybr Green 1 (Sigma) for 45 min and visualised with a UV transilluminator.
Statistical analysis. Bacterial operational taxonomic units (OTUs) were defined from DGGE band-matching analysis using BioNumerics 3.5 (Applied Maths BVBA), with the inclusion of uncertain bands (based on intensity sensitivity >1%). Tolerance and optimisation for band-matching was set at 1%. Matrices of OTU versus sample were generated using both presence/ absence and band intensity data, using marker lanes for between-gel comparisons. Multidimensional scaling (MDS), analysis of similarity (ANOSIM), SIMPER and RELATE functions were used to determine similarity in DGGE profiles between samples using PRIMER software (Clarke & Warwick 1994) . Biota-environmental matching (BIOENV) was used to correlate multivariate DGGE profiles with environmental variables and similarity percentages (SIMPER) were used to determine OTUs contributing most to the dissimilarity between samples. Temporal and spatial effects on bacterial diveristy (Shannon-Wiener H ') were analyzed in Minitab (Version 14) by 1-way ANOVA and MANOVA.
RESULTS

Spatial variation
DGGE profiles generated for the 5 sites in December 2003 showed a total of 41 OTUs ( Fig. 2A) , of which 5 (Bands 2, 3, 22, 30 and 31) appeared to be common to all sites. More typically, band presence varied among sites. All sites had 1 to 4 unique OTUs which could potentially be used as indicators for that site. There was a high degree of similarity between samples relative to variation between sites ( Fig. 2A) . Triplicate samples from 13 corals within a site showed no significant difference between coral heads (1-way ANOSIM, R = 0.119, p = 0.093). Similarly, there was no difference between coral heads when OTU variation of replicate coral was nested within site (2-way ANOSIM, R = -0.063, p = 0.731). This suggested that a single mucus sample was sufficiently representative of the bacterial community for an individual coral head, and that coral heads from within a site could be considered as sample replicates.
Total OTU diversity was significantly different between sites using ShannonWiener (H ') and Brillouin (HB) diversity indices calculated from relative band intensity data (Fig. 3, Table 1 ). Relative dominance of band intensities was also significantly different using Simpson's index (1-D) (Table 1) . MDS ordination of DGGE band intensity profiles shows a greater similarity within than between sites (Fig. 2B) , and differences between sites were highly significant (1-way ANOSIM, R = 0.97, p = 0.001). All possible pairwise comparisons showed significant differences between sites (p < 0.03). Using the SIMPER function in PRIMER, all sites had an average dissimilarity in bacterial OTUs > 45%, with the most dissimilar sites being Cathedral and Englishman's Bay (68.1%) and the least dissimilar being Lucy Vale and Japansese Gardens (46.4%). This analysis showed that Bands 16, 30 and 33 contributed most towards these dissimilarities ( Fig. 2A) .
Temporal variation
Temporal variation was investigated at the individual colony and reef levels. There was significant variation in OTUs for temporally-distant samples from individually tagged colonies within the reefs at Cathedral (n = 3) and Englishman's Bay (n = 2) over the 3 mo period December to February (R = 0.278, p = 0.019 and R = 0.494, p = 0.003 respectively), but those from Lucy Vale (n = 2) did not appear to be significantly different (R = 0.223, p = 0.060). Using tagged coral heads as replicates (n = 4 × 3 sites), there were strongly significant temporal differences in OTUs from Japanese Gardens, Cathedral and Lucy Vale when these corals were repeatedly sampled covering a single wet (June, August and October) and dry (December, January, February) season cycle. DGGE OTU diversity at a given site over time generally increased from June 2003 to February 2004 (Fig. 4) , where a 2-way crossed ANOSIM test (site and month) indicated profound differences in SML bacterial community DGGE profiles at a given site between months (R = 0.711, p = 0.001). Although MDS ordination of the temporal data showed some overlap between the DGGE OTU profiles (Fig. 5) , there was a difference in profiles between the wet and dry months tested (R = 0.302, p = 0.001).
Environmental influences on bacterial community
Delivery to the SML Bacterial delivery to the SML was only considered from the water column. Similar to the SML, DGGE OTU profiles from bacteria in the water column strongly differed both spatially between 5 sites (n = 5 per site, ANOSIM, R = 0.652, p = 0.001) and temporally over 6 mo (n = 5 per site per month, 2-way crossed ANOSIM, R = 0.948, p = 0.001). There were highly significant differences between DGGE band intensity profiles from the water column (n = 14) and coral SML (n = 16) sampled at the same sites (Fig. 6 , ANOSIM, R = 0.74, p = 0.001). Although 25 bands (52%) were common between SML and water filter samples, the water column fingerprint contained 6 bands that were not present on SML fingerprints. Conversely, 17 bands appeared to be unique to the SML samples. There was no relationship in the DGGE profiles from SML and water filters (RELATE, ρ = 0.176, p = 0.665), indicating , dissolved O 2 , turbidity, total coliform, faecal coliform and E. coli counts) were used to determine any relationship between normalised environmental variables and DGGE intensity profiles. In December, Englishman's Bay had the overall highest NO x -and chlorophyll a levels, and within the Speyside marine area (Fig. 1C) , Lucy Vale had the highest PO 4 3 -and NO x -( Fig. 7) , but the variability between sites does not suggest the presence of a water quality gradient at adjacent sites. Although the different parameters show varying patterns between sites, the environmental variables differed significantly between sites (Fig. 8 , MANOVA, Wilks', Lawley-Hotelling, Pillai's tests, p < 0.001). Total DGGE band diversity (Shannon H ') was also not significantly correlated (R = -0.47, p > 0.4) with an overall measure of water quality (PC1 of the principal components analysis for all water quality variables). When compared with the DGGE band intensity profile, the biota-environment matching programme BIOENV in PRIMER 6.1.5 showed that a 4-variable combination of chlorophyll a, PO 4 3-, dissolved O 2 , and E. coli best explained the similarities observed in the SML fingerprints (R = 0.576). However, there were no obvious relationships between the DGGE profile similarities and any of the individual environmental variables (Fig. 9) . Together, these results indicate that although indicator variables of the 5 sites varied significantly, there was no clear gradient in overall water quality and no evidence of a simple relationship between these environmental variables and the 16S rDNA DGGE profiles.
DISCUSSION
Assessing changes in the composition of the bacterial community associated with reef corals offers considerable potential as a bioindicator of the health status of the holobiont and has been successfully used as a health-indicator in other organisms, notably in mammalian gut flora (Guarner & Malagelada 2003 , Lan et al. 2005 . Pantos et al. (2003) showed that changes in bacterial community structure may precede the visible appearance of disease signs and therefore represent a sensitive indicator of sublethal physiological condition. We therefore examined the changes in the bacterial ). Site abbreviations as in Fig. 1 Fig. 6. MDS plot of water-column (black) and surface mucus layer SML (white) bacterial 16S rDNA fingerprints at 5 sites in December, generated from Bray-Curtis similarity after standardisation and square root transformation of OTU matrix. Site abbreviations as in Fig. 1 (16S rRNA gene) community composition (over space and time) in the surface mucus layer (SML) of the reef coral Montastraea faveolata to determine if these communities could potentially be used as a bioindicator for environmental change and/or coral health. The problems and limitations of the PCR-DGGE approach in estimating microbial diversity have been previously discussed (Iwamoto et al. 2000 , Eiler et al. 2003 , Van der Gucht et al. 2005 . However, compared to cloning and sequencing of bacterial genes, which can provide greater detail of bacterial diversity (Rohwer et al. 2001 , Frias-Lopez et al. 2002 , Bourne & Munn 2005 , DGGE profiles are an attractive alternative as they allow highly replicated analysis of bacterial communities that is less time-consuming, less costly and less labour-intensive than sequencing (Muyzer et al. 1993) . PCR-DGGE is therefore particularly suited to spatial and temporal investigations (Schauer et al. 2000) . There is already strong evidence for species-specific coral-bacterial associations (Frias-Lopez et al. 2002 , Rohwer et al. 2002 , Rohwer & Kelley 2004 , Bourne & Munn 2005 , which may indicate important physicochemical interactions. However, focusing on a single species, we found strong intraspecific variation (p = 0.001) between sites. It could be that these site-specific differences may be due to a spatial variation in coral genotype (Knowlton et al. 1997 , Szmant et al. 1997 which would affect the SML composition and the resultant SML microbial community, but consideration of the close proximity of the sites and water currents makes this unlikely.
The profound spatial (reef to reef) and temporal (month to month) patterns in bacterial OTUs may indicate a sensitive response to environmental conditions. Klaus et al. (2005) have also recently shown that reef corals can harbour significantly different bacterial communities between sites subject to varying levels of pollution (as indicated by nitrogen levels in coral tissue), but the response varied between host coral species, with Montastraea annularis (a conspecific of M. faveolata) showing no consistent spatial variation. The present study did not find any clear relationships between the SML bacterial community composition and measured water quality variables or any other environmental variables such as temperature, depth, salinity or proximity to mainland (data not shown). The fact that there is no direct link between the water quality variables and SML community suggests that the water chemistry dynamics in the study area are extremely complex and cannot be accurately described by point sampling. All 5 sites are in areas with strong water currents and relatively high flushing rates (IMA 2002) . Tobago's waters are heavily influenced by large-scale effects of the Orinoco plume from Venezuela during the wet season, as well as influxes of nutrient-rich and lowsalinity water from local run-off and vertical mixing (Bonilla et al. 1993 , Del Castillo et al. 1999 , Warne et al. 2002 . The different sites are therefore characterised by variable levels of different nutrients and other water quality indicators, which may reflect the variable influence of local and regional processes. Also, any changes in the SML bacterial community may not reflect the water chemistry at the point of sampling, due to a lag effect -either as a biofilm or due to mucus sloughing. The spatial and temporal variation observed represents a highly sensitive, deterministic relationship with environmental conditions, but this relationship is hidden by the complex nature of the environment.
In addition to the possible SML differences arising from genetic variability and complex environmental interactions, the question of differences in the delivery of bacteria to the coral SML needs to be addressed. Possible delivery sources include (1) transference from predators and faecal matter, and (2) bacterial populations in the water column, which may act as the ultimate source of bacteria to the SML via passive trans- port. Although only the water column was targeted in the present study, the lack of variability between samples taken from the same coral head does suggest that transference may not be a major source of bacteria to the SML. The reef coral SML environment is characterised by high levels of fixed carbon flow (Ritchie & Smith 2005) and productivity (Paul et al. 1986 ) and is highly dynamic, although the rate of mucus secretion and turnover of the SML under natural conditions in situ is unknown (Brown & Bythell 2005) . Despite this, the SML appears to host a distinct, resident microbial flora and this study supports previous findings that showed distinct differences in the community structure of water column versus coral-associated bacteria (Rohwer et al. 2001 , Frias-Lopez et al. 2002 . The composition of secreted mucus varies considerably between coral species (Brown & Bythell 2005) and mucus secretions may change during coral bleaching (Ducklow & Mitchell 1979a ,b, Ritchie et al. 1995a and various other stress conditions. The microbial flora of the SML might therefore be expected to respond both directly to changes in environment and indirectly due to environmental effects on host physiology, and could therefore help explain the spatial and temporal differences in microbial community structure shown here. The question remains, therefore, whether the spatial and temporal variations seen here are indicative of predictable, deterministic relationships with the SML environment or stochastic processes dependent on the rate of SML turnover and colonisation of bacteria from the water column (Simberloff 1978 , Manefield et al. 2005 . Further work is needed to establish the relative importance of stochastic versus deterministic processes in the assembly of the SML microbial community. In contrast to Montastraea annularis (Klaus et al. 2005) , the clear spatial and temporal patterns for M. faveolata could potentially be useful as a bioindicator for environmental change; however, a more complete understanding of variability in the bacterial community of healthy corals is clearly needed before we can assess the environmental factors controlling that variation. Revisiting tagged corals more often and for longer sampling periods would enable us to determine whether or not the temporal variability is cyclical. Also, sequencing of the common and unique bacterial OTUs is necessary to confirm that these OTUs are indeed the same bacteria and not different bacteria that have migrated to a similar position in the DGGE gel.
